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1. Introduction

In many bio-processing laboratories, major focus has been placed on attempting to find cell
culture methods which can increase the concentration of cells and cell products and permit cost-
effective large-scale production.  Methods of animal cell culture have been developed (mainly
for mammalian cells) and involve the use of hollow fibers, gel entrapment, ceramic cartridges
and microcarriers [1]. It is generally recognized that compared to microbial systems, large-scale
mammalian cell suspension culture has been limited, to some extent, by relatively low cell
densities.  The concentration of extracellular proteins such as monoclonal antibodies and growth
factors produced by this method is low and purification from growth media is difficult.  The
same problems are also encountered in insect culture.  Inlow and co-workers [2], for example,
reported maximum insect cell densities of 5.5 x 106 cells/mL in a spinner flask.  Hink [3],
working with T. ni cells, obtained maximum polyhedra (AcNPV) concentrations of ca. 2.2 x 108

polyhedra/mL medium at a cell density of 3.8 x 106 cells/mL medium (i.e. ca. 60 polyhedra/cell).
 Knudson and Tinsley [4], using S. frugiperda cells, reported 12-40 polyhedra (150-500
IFU)/cell.

Microencapsulation, an alternative cell immobilization technique originally developed
for use as an artificial pancreas for the treatment of diabetes, has been employed industrially for
the enhanced production and recovery of high-value biologicals from animal cells.  The
encapsulation technique entraps viable cells within semipermeable polysaccharide-polycation
microcapsules [for example, alginate/poly-L-lysine (PLL)].  The capsule membrane selectively
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allows small molecules such as nutrients and oxygen to freely diffuse through, but prevents the
passage of large molecules and cells.  Posillico [5] reported the use of microencapsulation for
the commercial production of monoclonal antibodies.  However, while cell densities of ca. 1 x
108 cells/mL capsules were obtained after three weeks of culture, they reported that the cells
appeared to grow preferentially near the interior surface of microcapsule membrane and
speculated that this could have been due to mass transfer limitations during culture and/or to the
presence of a viscous intracapsular alginate solution.

The first step in the making of a microcapsule is droplet formation.  Let us consider
one technique, electrostatic droplet generation (i.e. electrified liquid jet), which has become the
primary method used in our laboratory.

2. Droplet Generation Using an Electrified Liquid Jet

Electrified liquid jets (i.e. electrostatic atomisation) and electrostatically assisted atomization
have been employed in a variety of areas, including paint spraying [6], electrostatic printing [7],
and cell immobilization [1, 8].  Recently, micro and nano capsules as small as 0.15
micrometers, for example, have been produced using 0.7 mm ID needles [9].   The effect of
electrostatic forces on mechanically atomized liquid droplets was first studied in detail by Lord
Rayleigh [10, 11] who investigated the hydrodynamic stability of a jet of liquid with and without
an applied electric field.

When a liquid is subjected to an electric field, a charge is induced on the surface of the
liquid.  Mutual charge repulsion results in an outwardly directed force.  Under suitable
conditions, for example, extrusion of a liquid through a needle, the electrostatic pressure at the
surface forces the liquid drop into a cone shape.  Surplus charge is ejected by the emission of
charged droplets from the tip of the liquid.  The emission process depends on such factors as the
needle diameter, distance from the collecting solution, and applied voltage (strength of
electrostatic field [12].  Under most circumstances, the electrical spraying process is random
and irregular, resulting in drops of varying size and charge that are emitted from the capillary tip
over a wide range of angles.  However, when the electrostatic generator configuration has been
adjusted for liquid pressure, applied voltage, electrode spacing and charge polarity, the spraying
process can become quite regular and periodic.

2.1 PRODUCTION OF ALGINATE BEADS USING ELECTRIFIED LIQUID JETS

The section starts with a detailed experimental description of electrostatic droplet generation for
those not familiar with the technique [12] (Fig. 1). Attach a syringe pump to a vertical stand.
Use a 10 mL plastic syringe and 22- or 26- gage stainless steel needles. A variable high voltage
power supply (0-30 kV) with low current (less than 0.4 mA) is required.  We have used a
commercial power supply model 230-30R from Bertan (Hicksville, NY). Prepare 1.5% (w/v)
CaCl2 in saline (0.85 g NaCl in 100 mL distilled water).  Saline can be replaced with distilled
water if an alginate solution without cells is being extruded. Place the CaCl2 solution in a petri
dish on top of an adjustable stand. The
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 Figure 1.  Electrostatic Droplet Generator System [18].

stand allows for fine tuning of the distance between the needle tip and collecting solution.
Prepare 1 to 4 % (w/v) low viscosity sodium alginate by dissolving alginate powder with stirring
in a warm water bath. Slowly add the 1 to 4 g sodium alginate to 100 mL warm saline solution
(or distilled water), stirring continuously. It may take several hours to dissolve all of the alginate.
Add about 8 mL of the alginate solution to a 10-mL plastic syringe, put back the plunger, and
attach the syringe to the upright syringe pump. Make sure that the stainless steel needle, 22
gage, is firmly attached and the syringe plunger is in firm contact with the moveable bar on the
pump.  Position the petri dish (or beaker) containing CaCl2  so that the needle tip is about 3 cm
from the top of the CaCl2 hardening solution. This is the primary reason for using an adjustable
stand.

Attach the positive electrode wire to the stainless steel needle and the ground wire to
the collecting solution. The wires may need some additional support to prevent them from
bending the needle. Switch on the syringe pump and wait for the first few drops to come out of
the end of the needle.  This could take a minute or two. Doing it this way also ensures that the
needle is not plugged.  After the first drop or two has been produced, switch on the voltage
supply. Make sure that the voltage is set low, less than 5 kV. If this is the first time that you have
tried electrostatic droplet generation, raise the voltage slowly and observe what happens to the
droplets. The rate at which they are removed from the needle tip increases until only a fine
stream of droplets can be seen.  The changeover from individual droplets to a fine stream can be
quite dramatic. The most effective electrode and charge arrangement for producing small
droplets is a positively charged needle and a grounded plate.  Two other arrangements are also
possible; positively charged plate attached to needle, and a positively charged collecting
solution.  Make sure that the positive charge is always on the needle.  This ensures that the
smallest microbead size is produced at the lowest applied potential.  With a 22-gage needle and
an electrode spacing of 2.5-4.8 cm there will be a sharp drop in microbead size at about 6 kV.
This can be noticed visually by observing the droplets coming from the needle tip.  Standard
commercially available stainless steel needles can be employed. However, when going from a
22- to 26-gage (or higher) needle, needle oscillation may be observed.  This needle vibration
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will produce a bimodal bead size distribution with one peak around 50 µm diameter beads and
another around 200 µm.

If a syringe pump is not available, remove the syringe plunger and attach an air line
with a regulator to the end of the syringe.  Varying the air pressure on the regulator can control
the alginate extrusion rate.

Lumps of sodium alginate often form if the powder is added all at once to the warm
saline. Sprinkle the alginate powder into the saline a small amount at a time with gentle mixing.
 Once it has dissolved (up to 1-2 h), allow the viscous solution to cool and then transfer it to
several plastic test tubes, cap and store in the refrigerator until needed. This prevents bacterial
growth. If the alginate solution is very viscous, air bubbles will be trapped during the stirring.
These bubbles will disappear if the viscous solution is left to stand overnight.

If the needle is plugged, place it in dilute citrate solution for a few minutes.  Passing a
fine wire through the needle also helps.  Resuspending cells in 1 % (w/v) sodium alginate
solution will dilute the alginate and could give tear-drop shaped beads when the solution is
extruded.  To solve this problem, increase the concentration of sodium alginate solution to 3 or 4
%.
 Extrusion of alginate droplets using a 5.7 KV fixed-voltage power supply showed that
there is a direct relationship between the electrode distance and the bead diameter.  For
example, at 10-cm electrode distance, the bead diameter was 1500 µm while at 2 cm it
decreased to 800 µm.  The greatest effect on bead diameter was observed between 2 and 6 cm
electrode distance.  While there was overlap in bead sizes between 6, 8 and 10 cm electrode
distance, there was a significant difference (i.e., no overlap in SD) between bead sizes at 2 and
6-cm electrode distance.  An inverse relationship between needle size and microbead diameter
was observed.  Aside from the 23 G needle there was a significant difference between bead sizes
produced by all needles (i.e., no SD overlap).  As the needle size decreased from 19 to 26 G, the
bead size decreased from 1400 to 400 µm, respectively.  These results support previous work
reported by Bugarski et al. (21).  The present investigation showed that the alginate
concentration does not appear to be important due to overlapping SD intervals for all data
points.  The bead diameter was found to be 800 µm at both 1% and 3 % alginate concentration.
 Looking more closely at the effect of electrode distance on bead diameter, as a function
of applied potential (Figure 2) we see that the decrease in microbead size was greatest between
5 and 10 KV for all electrode distances tested.  The smallest bead, 200 µm, was produced at an
electrode distance of 4 cm and an applied potential of 10 KV.

2.2 EFFECT OF ELECTROSTATIC FIELD ON CELL VIABILITY

To assess the effect of an electrostatic field on animal cell viability, an insect cell suspension
was extruded using the electrostatic droplet generator.  No detectable change in insect cell
viability was observed after extrusion.  The initial cell density, 4 x 105 cell/mL,
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Figure 2. Effect of Electrode Distance and Applied Potential on Microbead Diameter [20].
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remained essentially unchanged at 3.85 x 105 and 3.8 x 105 cell/mL immediately after passing
through the generator at an applied potential difference of 6 and 8 kV, respectively. Prolonged
cultivation of these cells did not show any loss of cell density or viability.

2.3 FORCES ACTING ON DROPLET IN AN ELECTRIC FIELD

In the absence of an applied voltage, a liquid drop falls from the end of a capillary tube at a
critical drop volume dependent on the surface tension (i.e., the liquid drop would continue to
grow until its mass overcomes the surface tension).  If gravity were the only force acting on the
meniscus of the droplet, large uniformly sized droplets would be produced with a
radius r.  Equating the gravitational force on the droplet to the capillary surface force gives:

)g2 /3(=r 1/3
0 ργr                                                            (1)

where ro is the internal radius of the needle,  is the surface tension,  is the relative density of
the polymer solution and g is the acceleration constant.

Under the action of an electric field, the electric force, Fe, acting along with the
gravitational force, Fg , would reduce the critical volume for drop detachment resulting in a
smaller droplet diameter.  Equating the gravitational and electrical forces on the droplet to the
capillary surface force yields:

F  = Fg + Fe (2)

Three electrode geometries were considered:
• A parallel plate arrangement in which the charge was applied to a plate held parallel to

the collecting solution and through the centre of which the needle protruded (Figure
3A)

• Having the needle alone with the charge applied directly to the collecting solution
(Figure 3B)

• Applying the charge to a solitary needle (Figure 3C).
In the case of a parallel plate electrode set up (Figure 3A) the electrostatic force exerted on a
needle was found by modifying the expression obtained by Taylor [9, 13]:

]2/3-)L/ln(2[H /LV=F 0
222

oe rεπ                                          (3)

in which L is the height of the needle in the electric field, H is the electrode distance, V is the
applied voltage, and o is the permittivity of the air.

In the case of a charged needle (Figure 3C), the stress produced by the external field at
the needle tip is obtained using a modified expression developed by DeShon and Carlson [14]:
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Figure 3. Electrode and charge arrangements;  A: Parallel plate set-up with positively
 charged plate;  B:  Positively charged collecting plate;  C:  Positively charged

needle[12, 26].
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2
0

2
oe ])H/(4ln[  /V4=F rεπ                                        (4)

Substituting Equation (3) into Equation (2) results in a relationship describing the effect of the
applied potential on the droplet radius for the parallel plate arrangement:

[ ]( )[ ]( )2/3)r/2(ln /)(-r]4/3[=r o
222

oo
1/3

−LHLVg εγρ    (5)

Similarly, the effect of applied potential on the droplet radius for the charged needle
arrangement can be derived by substituting Equation (4) into (2):

( )[ ]( ) 3/1
o

2
oo )rH/(4ln /)2(-r]2/3[=r Vg εγρ         (6)

For the positively charged collecting plate and grounded needle (Figure 5B) an empirical
relationship was obtained from the expression given by Hommel et al. [15]:

[ [ ]{ }H /))(cos4(-r]2/3=r 2
oo

1/3αεγρ Vg                              (7)

in which  is the angle defined in Figure 3B.
The last three equations can be used to calculate the droplet size as a function of

applied voltage for the three electrode geometries studied.
A comparison was made between the measured and calculated droplet/microbead

diameters.  The general shapes of the calculated curves were similar to those of the experimental
curves.  Very good agreement between experimental and calculated data was achieved with the
22 gauge needle in all three charge configurations.  The calculated droplet diameter, for the
range of applied potentials studied (2-12 kV), agreed well with the experimental data with an
error of ± 15 %.  Equally successful was the agreement for the 26 gauge needle, where the
calculated and experimental data agreed within an error of ± 10 %.

As the voltage increased beyond a critical point (known as the minimum spraying
potential), a transition from the dripping mode, where individual droplets could be seen to come
off the end of the needle, to a high frequency spraying mode (i.e. liquid jet) was observed with
all three charge arrangements.  The minimum spraying potential for the positively charged
needle set-up was observed to be lower than that for the parallel and charged plates.  The
process of droplet formation suggests that the forces due to the presence of an external electric
field and the surface charge are responsible for the instability of the droplets at the needle tip.
The charges which are distributed on the liquid surface repel each other and cause a force
opposing the surface tension.  In the case of the positively charged needle, the conducting liquid
and needle are in close contact bearing approximately the same potential difference [16].  The
electric field (E) at the meniscus is therefore proportional to the applied voltage, V , and radius
of the meniscus, ro.  The area over which the surface charge operates varies with 1/r2.  Due to
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the small area available for charge distribution (the needle tip) the overall surface charge would
be higher for this electrode arrangement, than for the two other set-ups at the same potential
difference.  For the parallel plate set-up, the uniform electric field between the two electrodes
was proportional to the potential difference and electrode spacing, H.  Therefore, a much higher
potential difference was required to build a sufficiently large charge on the plate to initiate
spraying (i.e. 8 kV for the parallel plate versus 5 kV for the positive needle set-up).

The positively charged plate, with grounded needle, is the reverse arrangement of the
positively charged needle.  Results with this geometry show that the reversed polarity had an
impact on bead size with the charged plate set-up giving smaller bead sizes.  This may be due to
the larger area over which the surface charge has to spread, (i.e. the area of the hardening
solution, CaCl2).  In this situation the charge density on the forming drop would be lower than in
case of a positively charged needle, where the charge area was limited to the liquid meniscus at
the needle tip.  The net effect being a weaker force pulling the droplet from the tip of the needle.

3. Culture of Encapsulated Insect Cells

Insect cell culture has received an increased amount of attention recently since these cells are
hosts for a class of viruses, the baculoviruses, which has been shown to be an excellent vector
for genetic engineering, Luckow and Summers [17].  This is largely due to the high expression
rate and post-translation processing capabilities of the baculovirus.  Such processing includes
efficient secretion, proteolytic cleaving, phosphorylation, N-glycosylation, and possibly
myristylation and palmitylation.

The main objective of a study by King et al. [18], was to investigate whether insect
cells (Spodoptera frugiperda) infected with a temperature-sensitive mutant of the Autographa
californica Nuclear Polyhedrosis Virus (AcNPV ts-10) could be cultured to a high cell density
in alginate/PLL microcapsules and whether the virus could be successfully grown and
concentrated within the capsules.  Ultimately, nonvirus genes were to be inserted into the
temperature-sensitive virus in order to measure their expression and concentration in the
microcapsule system.

3.1 GROWTH OF CELLS AND VIRUS IN MICROCAPSULES

The single- and multiple-membrane capsules produced using an initial alginate concentration of
1.4% were spherical in shape and showed no surface irregularities.  The cells in the single-
membrane capsules remained dispersed throughout the volume of the capsule and, after two
days in culture, became enlarged and dark in color.  Recovery of some of the cells from these
capsules and subsequent staining with trypan blue indicated that few cells were living.  In
contrast, the cells in the multiple membrane capsules tended
to settle to the bottom of the capsule, indicating that the viscosity of the intracapsular solution
was lower.  After two days in culture, these cells appeared to be healthy (supported by trypan
staining) although little sign of growth could be seen.  The doubling time of insect cells is
between 17 and 24 h.

The capsules which were produced using a 0.7% alginate/TC100/cell mixture were
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nonspherical in shape and tended to have pointed ends, tails and creased sides.  This non-
sphericity, due to the low alginate concentration and hence low viscosity was most prevalent
when the alginate concentration was 0.5% and was significantly reduced when increased to
0.6% or 0.7%.  The capsules produced with a single, high-molecular-weight cutoff membrane
(and either 0.7% or 1.4% alginate) tended to have weak membranes which broke easily and,
consequently, allowed the cells within to escape and proliferate in the growth medium.  In those
few capsules which did not rupture, the infected cells grew in isolated clumps on the inside
surface of the membrane.  Intracapsular cell densities and virus titres were not measured in these
capsules.

The capsules that possessed a multiple membrane (initial alginate concentration 0.7%)
were much stronger and more flexible than their single-membrane counterparts as judged by
pinching the capsules with fine tipped forceps.  Consequently, there were fewer ruptured or
broken capsules and significantly reduced numbers of cells were found in the supernatant.
Cells  grew  and  virtually  filled  the  microcapsules  (Figure 4)  reaching maximum densities of
8 x 107 cells/mL.  In comparison, maximum suspension culture densities were at least 10 times
lower.  The specific growth rate of encapsulated cells was 0.55 day-1, and was comparable
(though slightly lower) to the specific cell growth rates in shaker flasks, 0.66 day -1, and
monolayer culture, 0.78 day-1 (Table I).

The TCID50 assay revealed that the titre of virus (ts10) in the capsules reached ca.1 x
109 infectious units (IFU)/mL (ca. 20 IFU/cell) and that of the supernatant was lower by a factor
of 300.  This indicates that virtually all of the virus (more than 99%) was retained within the
capsules.

Table I.    Comparison of growth rates of encapsulated and suspended insect cells [18].

Culture system  Specific growth rate
(day-1)

Doubling time
(h)

Suspended cells
     Shaker flasks
     Monolayer (T-flasks)

0.66
0.78

25
21

Immobilized cells
     Microcapsules 0.55 30
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Figure 4. A. Intracapsular insect cell density as a function of time.  Batch culture
 consists of 1-mL capsules in 30 mL medium;  B.  Intracapsular and extra-
capsular virus concentration as a function of culture time.  At day 5, the culture
temperature was dropped from 33 to 27°C to initiate virus growth in the infected
insect cells[18].
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Table II.  Biocompatibility tests:  Cells suspended in calcium alginate[18].

Alginate concentration                 Cell viability

1.5% (w/v) All cells enlarged, and dark most dead

1.3% (w/v) All cells enlarged, and dark most dead

1.0% (w/v) Some cells dark and granular while some are round
and healthy;  some cells have             multiplied to
form small masses

0.75% (w/v) Good cell growth many cell masses

0.50% (w/v) Good cell growth many cell masses

3.2 BIOCOMPATIBILITY OF ENACAPSULATION SOLUTIONS

The KCl, CHES, CaCl2 and citrate solutions had no apparent effect on the growth of the cells.
However, while exposure of the cells to PLL of M̄v = 2.2 x 104 resulted in virtually no loss of
cell viability, the cells exposed to PLL of M̄v = 2.7 x 105 showed a 76% loss of viability.  Cells
exposed to alginate solutions showed a decrease in viability, which was dependent on the
alginate concentration.  On mixing the 2X TC100 and the alginate solutions, a gel-like material
was produced, due, presumably, to the interaction between the calcium ions in the 2X TC100
(2.64 g/L) and the alginate.  The gel tended to be more solid when the alginate concentration
was 1.5%, 1.3%, and 1.0%, and was more liquid at 0.75% and 0.5% alginate.  Cells suspended
in mixtures of sodium alginate and TC100 [final concentrations of 1.5%, 1.3%, and 1.0% (w/v)]
showed little or no growth and usually appeared dark and granular after 2-3 days (Table II).
Trypan blue staining indicated that few if any cells were viable.  Cell growth, however, was
observed in the lower alginate/ TC100 mixtures [concentrations of 0.75% and 0.5% (w/v)].

Insect cells could not be cultured in either single- or multiple-membrane capsules
when the initial intracapsular alginate concentration was 1.4%.  The biocompatibility tests
(Table II) support these results.  Only at alginate concentrations of 0.75% or less was cell
growth observed.  In the biocompatibility tests cell density could not be measured directly since
the cells were immobilized in calcium alginate gel.  It can be postulated that the mechanism of
cell growth inhibition may involve electrostatic interaction and/or viscosity effects between
alginate and cells.

Cells encapsulated using single membrane capsules (molecular-weight cutoff of ca. 6 x
104) grew poorly.  In this case, the membrane was relatively impermeable and, thus, only a
small fraction of the alginate, with molecular weight of 3.5 x 105, could diffuse through.  Cells
encapsulated in single membrane capsules (molecular-weight cutoff of ca. 3 x 105) grew much
better (though in isolated clumps) presumably because there was increased mass transfer and
because more of the intracapsular alginate could diffuse out.  Similar clumped cell growth has
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been observed by other workers [5], who cultured hybridoma cells in single membrane
microcapsules.  The capsule membrane was also weak, causing some of the capsules to collapse
and break, allowing the cells to escape into the medium.  The capsule membrane molecular-
weight cutoff was determined by incubating microcapsules (without cells) in solutions
containing a protein standard.  The protein concentration in the extracapsular (supernatant)
solution was monitored and the membrane was deemed impermeable to the protein if there was
100% rejection of the diffusing protein over a two-hour period.

Multiple-membrane capsules, on the other hand, were significantly stronger than their
single-membrane counterparts.  Better cell growth was obtained with the former capsules,
presumably due to the lower intracapsular alginate content.  Why similar cell growth is not
obtained in the high-molecular-weight, single-membrane capsules as occurs in the multiple-
membrane capsules, is not clear since the intracapsular environment (i.e. viscosity) is believed
to be virtually identical in both capsule types.  One may postulate that the second PLL reaction
in the multiple membrane procedure may further reduce the intracapsular alginate concentration
in the bulk of the capsule by reacting with the alginate chains near the inside surface of the
membrane.  It is also unclear whether we have two distinct alginate/PLL membranes or one
interacting membrane.  The term multiple membrane refers more to the method of capsule
preparation rather than to the type of final membrane.

When insect cells were exposed, for one minute, to PLL (0.05% with M̄v = 2.7 x 105),
76% were killed.  In contrast, cells exposed to PLL (M̄v = 2.2 x 104) (0.05%) for one minute
remained 100% viable.  It was possible that some fraction of the PLL may have bound to the
glass beaker in which the PLL was dissolved rather than remaining in solution thus lowering the
bulk PLL concentration, or perhaps PLLs of different molecular weight may bind to the cells
differently.

The ability to control virus replication by lowering the culture temperature has allowed
the growth and concentration of virus inside of cell-filled microcapsules.  Comparison of the
number of IFU per cell obtained in the present study (ca. 20 IFU/cell) to that obtained by
Knudson and Tinsley [4] (150-500 IFU/cell) suggests that our system is operating far below its
optimum.  Based on the data of Knudson and Tinsley, intracapsular virus concentrations should,
when optimized, be approaching 2.5 x 1010 IFU/mL capsules.

4. Encapsulation and Growth of Plant Tissue in Alginate

Animal cell suspensions were successfully extruded using the electrostatic droplet generator.
The application of this technology to plant cell immobilization has only recently been reported
[19-21].  A major concern in cell and bioactive agent immobilization has been the production of
very small microbeads so as to minimize the mass-transfer resistance problem associated with
large-diameter beads (>1000 µm).
 Somatic embryogenesis is a new plant tissue culture technology in which somatic cells
(i.e., any cell except a germ or seed cell) are used to produce an embryo (i.e., plant in early state
of development) [22].  The technique of somatic embryogenesis in liquid culture, which is
believed to be an economical way for future production of artificial seeds, may benefit from cell
immobilization technology.  Encapsulation may aid in the germination of somatic embryos by
allowing for higher cell densities, protecting cells from shear damage in suspension culture,
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allowing for surface attachment in the case of anchorage dependent cells, and being very
suitable for scale-up in bioreactors.
 The long-term objective of the project reported in this section is the development of an
economical method for the mass production of artificial seeds using somatic embryogenesis and
cell immobilization technology.  The short-term aim was to investigate the production of small
alginate microbeads using an electrostatic droplet generator.  Callus tissue from Carnation
leaves was also immobilized and cultured.

4.1 IMMOBILIZED PLANT TISSUE GROWTH

Immobilized callus cells from carnation leaves retained viability as observed by cell growth and
plantelet formation [19-21].  In a related study, Shigeta [23] was able to germinate and grow
encapsulated somatic embryos of carrot using a 1% sodium alginate solution, as compared to a
2% alginate solution used in the present investigation.  The main findings of our experiment,
though, indicated that somatic tissue could be electrostatically extruded and aseptically cultured
while retaining viability.
 Plantlets obtained from 4% alginate beads on agar, originally immobilized at 10 kV, 6
cm distance, were transferred to sterilized potting mixture at two months culture.  The plantlets
grew well and showed complete leaf and root development by four months [20]. Suspension
culture of encapsulated somatic tissue was less successful.  Piccioni [24] in a study investigated
the growth of plantlets from alginate encapsulated micropropagated buds of M.26 apple
rootstocks.  He showed that the addition of growth regulators (e.g., indolebutyric acid) to the
somatic tissue culture several days prior to the encapsulated, as well as the addition of the same
regulators to the encapsulation matrix, improved the production of plantlets in suspension
culture from 10% to more than 60%.  We can speculate that culturing the Carnation leaf callus
tissue in the presence of growth regulators prior and during encapsulation may enhance the
production of plantlets from suspension culture.
 Electrostatic droplet generation does not appear to have a negative impact on somatic
tissue viability since cell growth and plantlet formation was observed.  This is in agreement with
similar studies reported for insect cells [18] and mammalian cells [25], where it was shown that
high electrostatic potentials did not affect cell viability.

In closing, microencapsulation technology is an exciting area to work in.   To be able
to develop successful and well-understood systems requires close collaboration between
scientists with different areas of expertise such as electrical engineering, microbiology,
biochemistry, biomaterials and mathematical modelling.  Over the next decade we can expect to
see many new areas of application of microencapsulated living cell systems such as in the
treatment of diseases requiring tissue transplantation, as well as in bioprocess engineering for
the production of high value biologicals.
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